ABSTRACT Mechanical forces are key regulators of cell and tissue physiology. The basic molecular mechanism of fiber contraction by the sliding of actin filament upon myosin leading to conformational change has been known for decades. The regulation of force generation at the level of the cell, however, is still far from elucidated. Indeed, the magnitude of cell traction forces on the underlying extracellular matrix in culture is almost impossible to predict or experimentally control. The considerable variability in measurements of cell-traction forces indicates that they may not be the optimal readout to properly characterize cell contractile state and that a significant part of the contractile energy is not transferred to cell anchorage but instead is involved in actin network dynamics. Here we discuss the experimental, numerical, and biological parameters that may be responsible for the variability in traction force production. We argue that limiting these sources of variability and investigating the dissipation of mechanical work that occurs with structural rearrangements and the disengagement of force transmission is key for further understanding of cell mechanics.
INTRODUCTION
Mechanical forces are central to many physiological processes, including tissue morphogenesis (Levayer and Lecuit, 2012; Heisenberg and Bellaïche, 2013) , patterning (Eaton and Jülicher, 2011) , growth (Bosveld et al., 2016) , renewal (Eisenhoffer et al., 2012) , cell migration (Tambe et al., 2011) , differentiation (Ruiz and Chen, 2008) , and polarization (Pitaval et al., 2010) . The mechanism of force generation has been studied for decades and attracted particular interest since it has been possible to measure the traction forces cells exert on their environment (Pelham and Wang, 1999) . Despite these considerable efforts and the importance of mechanical forces in biology, we do not have a comprehensive understanding of the mechanisms that support and regulate force generation.
Our ignorance is revealed by the variety of measures used to evaluate cell mechanical forces. This variability not only reflects the contribution of uncontrolled parameters but also limits our ability to detect differences between distinct conditions and thus our progress in the study of cell mechanics. To identify ways to solve this issue, we first describe the experimental and biological origins of intercellular variability in force generation. We then discuss the cellular mechanisms responsible for the latter and conclude that future efforts should focus on the investigation of the dissipation of contractile energy, which cannot be captured by current experimental methods.
VARIABILITY IN TRACTION FORCE MEASUREMENTS
The estimation of the traction force of a single cell is typically based on the measurement of the deformation of the cell-culture substrate in response to cell-generated force with either traction force microscopy (TFM; Dembo and Wang, 1999) , which is based on a continuous substrate, or with the measurement of individual micropost deformation (Tan et al., 2003) . Various readouts have been used to characterize cell mechanical state: the force per adhesion (Plotnikov et al., 2012) , the force produced at cell apices (Rape et al., 2011b) , the average traction force (Rape et al., 2011a) , the integrated underlying dynamics and the large diversity of molecular players involved in developing mechanical work in the cell. This will be discussed in detail later. An interesting possibility is that progression through the cell cycle also affects cell contractility. Inducing cells to exit the cell cycle and become quiescent controls force generation by reducing it to low levels (Tan et al., 2003; Rape et al., 2011a) . However, it is difficult to know whether this effect on force generation is due to cell-cycle exit per se or from changes in growth factor signaling and requires further investigation.
We need to acknowledge this intrinsic variability and try to determine its origins in order to identify the key parameter regulating traction force magnitude and cell contractile state. In the following sections, we first discuss the technical sources of errors associated with cell manipulation and the processing of numerical data. We then discuss the biological variability and the intrinsic fluctuations due to the cellular mechanism of force generation.
EXPERIMENTAL VARIABILITY
When using TFM, the computation assumes that the gel is homogeneous, isotropic, and elastic. Hence any deviations from this assumed behavior will bias force estimation. Different types of soft materials are used with TFM and are mainly based on hydrogels (Pelham and Wang, 1997; Dembo and Wang, 1999; Tse and Engler, 2010) or elastomers (Harris et al., 1981; Balaban et al., 2001; Merkel et al., 2007) . Gel formulation, the time taken and temperature for gelation, and the gel-storage parameters and duration all influence the reproducibility of the gel's material properties (Denisin and Pruitt, 2016) . In particular, hydrogels are susceptible to effects from drying, swelling, and aging (Dembo and Wang, 1999; Kara and Pekcan, 2001; Martiel et al., 2015) . Polyacrylamide is usually chosen for its limited stress stiffening, reduced nonlinear properties (Storm et al., 2005) , and instantaneous strain recovery (Dembo and Wang, 1999) . However, care needs to be taken because stiffening has also been reported for polyacrylamide subjected to large deformations (Boudou et al., 2009) . Gel deformation should also be of sufficient magnitude that the displacements of an embedded bead can be distinguished from movements related to thermal noise.
Depending on its initial formulation, a polyacrylamide gel tends to present heterogeneities in its network structures that can induce variations in its stiffness over time or with its polymerization temperature (Denisin and Pruitt, 2016) . Given that the magnitude of traction forces is highly sensitive to substrate stiffness (Plotnikov et al., 2012; Elosegui-Artola et al., 2016) , the variations in gel absolute forces (Reinhart-King et al., 2005) , and the contractile energy (Butler et al., 2002) , which we believe better characterize the mechanical effort generated by the cell. For all of these readouts, averaged values of several individual cells are typically used to represent cell traction forces. However, the wide range of forces, which has a non-Gaussian asymmetric distribution starting at very low values and ending with a long tail (e.g., Figure 1 in Milloud et al., 2017) tends to be overlooked but is manifest when all individual values are reported. A significant proportion of cells produce forces that are barely above detection threshold, whereas others produce three times more than the average value. Thus, regardless of how absolute or relative those measurements are, their broad range shows that we have not identified the major regulatory parameters that set the magnitude of these forces. It is critical to understand what lies behind this range in order to properly characterize cell contractile state. In addition, the range is not only troublesome per se, it is also a limitation when comparing two conditions in attempts to identify parameters influencing force production.
The most striking indicator of our ignorance of the key parameters regulating force generation is our inability to experimentally control traction force generation and reduce data dispersion. The magnitude of cell traction forces varies considerably as cells change shape during migration (Meili et al., 2010; . The extent of the area over which the cell has spread clearly promotes traction forces (Tan et al., 2003; Tolić-Nørrelykke and Wang, 2005; Rape et al., 2011b) , but the degree of elongation of the cell shape may have an opposing effect on traction forces (Oakes et al., 2014; Ye et al., 2014a) . If it is assumed that such forces are being generated via the actin network, then it would be reasonable to argue that experimentally controlling the geometry of the actin network should also control force generation. However, controlling cell shape using extracelluar matrix (ECM) micropatterns and imposing a stringent subcellular adhesion pattern to direct stress fibers length, position, and orientation in an immortalized cell line was not sufficient to reduce significantly the intercellular variability in force generation (Tseng et al., 2011 (Tseng et al., , 2012 Mandal et al., 2014; Oakes et al., 2014 ; Figure 1 ). Large variations remain in force measurements despite several attempts, including ours, to reduce it, notably with micropatterning and controlled integrin expression (Schiller et al., 2013) . This suggests that parameters in addition to the actin network geometry regulate traction force generation. It should also be recognized that a static representation of the actin network geometry may mask variations in force generation that potentially arise from the FIGURE 1: Variability of traction forces in micropatterned cells. RPE1 cells were plated on a crossbow-shaped fibronectin micropattern on polyacrylamide gels. The expression of LifeAct-green fluorescent protein revealed the actin network architecture (bottom). TFM was used to measure the associated traction forces (top; color scale is the same for all images).
ited by using a single-plane bead-embedding method or three-dimensional bead tracking (Maskarinec et al., 2009; Legant et al., 2013; Knoll et al., 2014) .
The regularization procedure used to filter the image data or add additional constraints to the force estimation should be applied carefully because it affects the measurement of the force magnitude and the error in that measurement (Martiel et al., 2015; Soiné et al., 2015) . Although it can be tempting to modulate the regularization factor in order to adapt the force-field dispersion to the exact cell shape, it is imperative to keep it constant from one analyzed cell to the next. Alternatively, it is possible to avoid using the regularization factor by applying finite-element modeling to the image of the cytoskeleton to restrict the space of possible solutions (Soiné et al., 2015) .
From these considerations, we conclude that although solving some identified issues may further reduce the experimental and computational variability and improve the precision of force measurements, they are already quite accurate compared with the observed dispersion of traction force measurements. The main origin of intercellular force variability more likely stems from the force generation mechanism itself, which we will discuss further. In particular, we focus on the mechanical work performed by myosins, which is used to slide, displace, bend, and disassemble actin filaments rather than effectively pulling on focal adhesions, which we term dissipation, although it is not a true loss of energy by heat production but only a part of the energy consumption that is not turned into traction force generation.
MODULATION OF FORCE GENERATION IN ACTOMYOSIN BUNDLES
Numerous parameters have been shown to modulate force generation. In this section, we discuss how their multiplicity, interdependence, and nonlinear effect on traction force generation contribute to intercellular variations.
The main parameter underlying force generation is the ATPase activity of myosin, which results in a change in its conformation when it is bound to actin filaments (Adelstein and Eisenberg, 1980) . Myosin ATPase activity and the stability of myosin filaments are also regulated by phosphorylation of its light chains (Watanabe et al., 2007) , and chemical inhibition of these processes can dramatically reduce traction forces (Balaban et al., 2001; Labouesse et al., 2015 Labouesse et al., , 2016 . Of interest, some mechanical tension across a cell remains after treatment with such an inhibitor, potentially reflecting filament cross-linking in the actomyosin bundles (Labouesse et al., 2015) . The partly overlapping roles of distinct myosin types add some complexity; myosin IIA tends to have a greater role during cell spreading, whereas myosin IIB tends to have a greater role in the motility of fully spread cells (Thomas et al., 2015) . The complexity is further increased by the fact that myosins not only produce forces by pulling on actin filaments but also relax forces by disassembling actin filaments (Reymann et al., 2012; Vogel et al., 2013; Figure 2) .
Numerous actin-binding proteins modulate force generation. Perturbing filament nucleation by inhibiting formins affects the assembly of force-bearing structures and reduces traction forces (Oakes et al., 2012) . By contrast, knocking down tropomyosins (Wolfenson et al., 2015) or cross-linkers (actinin or paladin) increases traction forces (Shao et al., 2010; Oakes et al., 2012; Azatov et al., 2016) . This effect has been attributed to a specific reorganization of the actomyosin network (Oakes et al., 2012) or increased loading of myosins onto actin filaments, because actinin and myosins seem to compete for actin-binding sites (Peterson et al., 2004; Shao et al., 2010) . However, stiffness may increase the range of traction force measurements. To reduce the intrabatch and interbatch stiffness variability, hydrogel polymerization by light (photopolymerization) has been used and is more rapid and homogeneous than polymerization by mixing free radical-producing chemicals (Nguyen and West, 2002) . Micropillars have also been used instead of polyacrylamide gels because substrate stiffness is primarily related to the pillar aspect ratio (Tan et al., 2003; du Roure et al., 2005) . However, the drawback with micropillars is that the variability in pillar deformation is also related to the way cells attach and spread on the pillars (Ghibaudo et al., 2011) .
Coating of the gel surface with ECM proteins to promote cell adhesion and spreading is another source of variability. The composition and density of the ECM regulate cell adhesion signaling and the production of mechanical forces (Schwarz and Gardel, 2012; Lee et al., 2015) . In addition, the anchorage of the adhesion ligand and the type of surface coating of the polyacrylamide surface also affect the amount of cell traction forces even without changing the overall cell shape (Pompe et al., 2011) . Therefore inhomogeneities in ECM coating density can lead to intercellular variability. Such variations in ECM density can arise from the use of ultraviolet-activatable chemical cross-linkers to graft ECM proteins on polyacrylamide substrates. However, use of acrylamide polymerization to bind ECM proteins can improve the reproducibility of ECM grafting characteristics (Rape et al., 2011b; Vignaud et al., 2014) .
COMPUTATIONAL VARIABILITY
Large errors can come from inaccurate estimation of the deformation field and image processing (Holenstein et al., 2017) . First, it is generally assumed that traction forces are negligible perpendicular to the gel surface (and XY-plane) and hence that out-of-plane deformations need not be considered. Indeed, the Boussinesq theory predicts in-plane and out-of-plane deformations are independent at the surface of an incompressible substratum (Poisson ratio ∼0.5). The Poisson ratio of the gel substrate can be determined experimentally (Soiné et al., 2015; Gross and Kress, 2017) , and recent work has highlighted that an error of 0.05 in the Poisson ratio can lead to a 38% variation in the force measurement (del Álamo et al., 2013) . Hence out-of-plane effects are not always negligible (Maskarinec et al., 2009; Legant et al., 2013) , and ignoring them can add error to the traction force estimation.
There is growing interest in improving the precision of the deformation field measurement to reveal subcellular regulation of traction forces. Current methods for measuring the gel-deformation field, that is, cross-correlation of bead displacement or the tracking of individual beads, do not contribute much to intercellular variability in force measurements. For both methods, bead density, homogeneity, and image quality are key parameters for the robustness and the resolution of the obtained data (Soiné et al., 2015; Holenstein et al., 2017) . A combination of these methods can increase the resolution of the displacement field, reduce the error on the estimated force field, and improve the investigation of force regulation at the focal adhesion level , but it is unlikely to decrease the intercellular variance of total traction force energies. Other parameters are more prone to influence the variability of the results and should be kept constant, such as 1) the correlation threshold used for selecting significant bead displacements over background noise, 2) the spatial displacement with sampling given by the range of bead numbers per size of the interrogation window, and 3) the erroneous displacements that can occur when beads disappear from the field of analysis (Martiel et al., 2015) . Failures in bead tracking due to out-of-plane bead displacements can be lim-ever, the force generated by a sarcomere is dependent on its size, and the optimum force generated reflects a theoretical point at which a given myosin filament is fully engaged with actin filaments from opposing ends of the sarcomere and these opposing actin filaments do not overlap (Rassier et al., 1999) . In nonmuscle cells, disorganized structures may allow higher amount of myosin filaments in series to engage with actin filaments and thus generate larger forces. This high level of work is produced at the expense of efficiency, however, because part of the work is dissipated in noneffective filament translocation (Figure 2) . Moreover, the net traction force would also become less predictable.
Dynamic reorganization of the bundle structure of contractile fibers (engaged actin and myosin filaments) also contributes to modulate the magnitude of force generation. Actin filament nucleation at contractile fiber ends (Russell et al., 2011; Skau et al., 2015; Tee et al., 2015) opposes the transmission of tensional forces in the fiber to the ECM (Tojkander et al., 2015) . Newly nucleated actin filaments at focal adhesions move inward and are subjected to local variations in internal tension. Stretched sarcomericlike structures can elongate and generate new sarcomeres (Chapin et al., 2012) . Sarcomere length fluctuations have been proposed to buffer the variations in local tension and maintain a constant tension on anchorage points (Russell et al., 2011; Chapin et al., 2012;  Figure  2 ). Overall and to maintain tension homeostasis, the reorganization of contractile bundle structures may follow a form of elastic deformation response to small fluctuation in mechanical load but a form of a plastic deformation in response to large fluctuations in mechanical load (Bonakdar et al., 2016) . These plastic deformations are likely to be associated with ruptures in actin-filament cross-links and with the disengagement of myosin and actin filaments. They protect cells against mechanical damage by allowing the contractile fibers to elongate while maintaining the net traction force of the contractile bundle (Bonakdar et al., 2016) .
The conservation of mass implies that the inward flow is coupled to an equivalent process of contractile fiber disassembly. Analyses of turnover rates for actin and myosin filaments reveal relatively high turnover rates along the length of the contractile fiber (characteristic lifetime, 1 min) compared with the contractile bundle lifetime (1 h; Hu et al., 2017) . Turnover is uneven and faster at the center of the fiber, where sarcomeric-like structures are stretched (Peterson et al., 2004) . The association of viscoelastic and plastic reorganizations in irregular, motile, and permanently renewing structures makes force generation and transmission to the ECM particularly difficult to discern and characterize (Figure 2) .
Finally, the idea that contractile bundles operate independently in the generation of traction forces is probably an oversimplification. First, various structures-meshworks and fibers-can exert forces with distinct force/dynamics relationships (AratynSchaus et al., 2011) . Second, these structures move under tension, bind to, and sometimes partially fuse with adjacent fibers, leading to complex force-producing networks (Tojkander et al., 2015) . Moreover, it seems that all fibers are interconnected rather the higher affinity of actinin for the actin filament is associated with higher traction forces of longer duration (Ehrlicher et al., 2015) , suggesting that the relationship between actinin-mediated filament cross-linking and myosin-mediated force generation is not uniform but instead can be viewed as a bell-shaped curve (Ennomani et al., 2016) . Other nonlinear effects stem from the tension-dependent loading of some actin-binding proteins such as cofilin, which bind less efficiently to actin bundles under tension (Hayakawa et al., 2011; Tojkander et al., 2015) , or from the turnover of myosin, which is reduced as tension increases (Kobb et al., 2017) . The multiplicity of players and nonlinear effects (Figure 2 ) is likely to make force generation highly sensitive to relatively small biochemical changes.
Fiber structure also contributes to force generation. Muscle cells have a sarcomeric organization, with repeating alternating units of relatively wide bands of aligned myosin filaments and relatively thin bands of α-actinin molecules positioned orthogonally to the actin filaments they cross-link (Bray et al., 2008) . The sarcomeric organization produces and transmits force independently of the length of the myosin bands (Rassier, 1999; Rassier and Pavlov, 2010) . Contractile fibers in nonmuscle cells display alternating units of myosin and α-actinin, but the banding is not systematically as regular as in muscle cells. The relationship between myosin band length and contraction is not clear. In some nonmuscle cells, myosin band length decreases as tension increases , but in others, the shortening of some bands is compensated by the elongation of others (Peterson et al., 2004; Chapin et al., 2012) , making the net effect on traction forces difficult to predict. The effect of sarcomeric versus random filament organization in contractile bundles is not clear. Sarcomeric organization seems to optimize force transmission by segregating regions where myosin and actin filaments overlap, and force is generated from regions where actin filaments are connected to each other and force is transmitted. How-FIGURE 2: Dissipation of mechanical work by stress fiber remodeling limits the traction forces applied on extracellular anchorages. Several sources of dissipation are schematized. The rolling tube represents the weak and fluctuating coupling of stress fiber (toilet paper) with the extracellular anchorages (the wall). It mimics the transient detachment of integrins (frictional slippage), as well as the disengagement of actin bundle from adhesions (clutch). Paper rolling out represents the nucleation of actin filaments by focal adhesions and filament translocation by myosins. Paper stretching represents the fiber elasticity and the energy that is lost in deforming it rather than pulling on the substrate. The character represents myosins at work, losing energy by pulling on a viscoelastic and ever-changing fiber and disassembling it in the meantime. (Drawing by "Benthos von Detritus," http://benthos4.deviantart.com.)
ECM (Elosegui-Artola et al., 2014) . One consequence is that the contacts focal adhesions have with the ECM can transiently rupture and impair the transmission of traction force, leading to a process called frictional slippage occurring at low forces and low ECM stiffness (Aratyn-Schaus and Gardel, 2010; Figure 2 ). This rupture process can also occur between the actin network and the focal adhesion in a process similar to "clutch" engagement or disengagement (Figure 2 ). It would not affect the mechanical force generated by actomyosin contraction but would affect whether it is transmitted to the ECM (and converted into measurable traction forces) or dissipated and lost (Parsons et al., 2010; Swaminathan and Waterman, 2016) . The correlation between traction force magnitude at focal adhesions and the internal actin retrograde flow is a signature of the clutch engagement between the two structures . Similarly, traction force magnitude has been associated with the inward translocation of bundled actin filaments at contractile fiber ends (Russell et al., 2011; Elkhatib et al., 2014) . Because of the weakness of the connections between actin network and focal adhesions and between focal adhesions and the ECM, strong internal actin retrograde flow or high ECM substrate stiffness place too high a load on the clutch, causing disengagement of the connections and interruption of the transmission of force. Hence there is an optimum for traction force generation, but it is highly sensitive to the rate of actin retrograde flow, the number of components involved in the clutch, and the stiffness of the ECM substrate (Bangasser et al., 2013) . This sensitivity can generate high intercellular variability. Furthermore, the clutch effect may be overwhelmed by additional mechanotransduction effects; for example, in a high-force regime, clutch disengagement may be overridden by the unfolding of talin, which in turn mediates the recruitment of additional linkers that reinforce the adhesion and allows the transmission of traction forces to increase (Elosegui-Artola et al., 2016) . Furthermore, clutch disengagement can also be promoted by the action of Kank, which can detach talin from actin and hence reduce force transmission (Sun et al., 2016) .
CONCLUSION AND PERSPECTIVES
Although not absolute, the relative traction forces that cells transmit to the ECM can be precisely measured experimentally. However, all studies so far have been limited by the large intercellular variability of the magnitude of these force measurements, and this variability has considerably hindered identifying the mechanisms regulating force generation (Figure 1 ). Several sources of experimental variability can be envisaged, and most seem to result from the intercellular variability in the force-producing mechanism. The expression levels of the numerous proteins involved in force generation contribute to intercellular variability, but other factors specific to cell mechanics are also likely to be involved. Of note, it appears that a significant part of the mechanical work produced by the actomyosin contraction is dissipated (Balland et al., 2005; Mitrossilis et al., 2009) . This dissipated work is not transmitted to the ECM and therefore cannot be estimated by measuring substrate deformation. Numerous examples described here showed that filament translocation, sliding, disassembly, fraying, reorganization, and turnover are likely to represent the major sources of mechanical work dissipation (Figure 2 ). All potential outlets of dissipation should be taken into account in future models of cell mechanics (Hoffman and Crocker, 2009) . The intercellular variability in the magnitude of the traction force is likely to result from modulation of these dissipation processes, which seem to be the main missing piece in our understanding of the regulation of the traction forces that cells apply to their environment. than being independent entities, and the local ablation of a given fiber can trigger relaxation throughout the cell (Hu et al., 2003; Chang and Kumar, 2013; Kassianidou et al., 2017) . The interconnections of aligned fibers are highlighted by the orthogonal alignment of sarcomeric units in register among diverging contractile fibers (Fenix et al., 2016; Beach et al., 2017; Hu et al., 2017) . Conspicuous bundles even seem connected to the surrounding cortical meshwork, which contributes to force generation in the bundle (Labouesse et al., 2015 (Labouesse et al., , 2016 . Such a continuous meshwork with embedded contractile fibers may account for force propagation and global force regulation at the level of the cell (Oakes et al., 2014 (Oakes et al., , 2017 .
MODULATION OF FORCE TRANSMISSION TO SITES OF CELL ANCHORAGE
Rigid anchors fully transmit the traction forces to which they are submitted, but focal adhesions are subtler structures. Their dynamics modulate the proportion of forces that is conveyed from the intracellular space to the extracellular matrix. Focal adhesions are active sensors and regulators of traction forces (Geiger et al., 2009) . They convey bidirectional signaling between extracellular cues and the architecture of the actin cytoskeleton (Parsons et al., 2010) .
The attractive concept that focal adhesion size is directly correlated to the force applied to the focal adhesion (Balaban et al., 2001) appears to be applicable to focal adhesion assembly in the early growing phase (first few minutes; Stricker et al., 2011) but not to mature focal adhesions. However, focal adhesion composition is a key regulator of traction force transmission and force generation. A strong reduction of traction forces can occur on removal of any of the key elements of the focal adhesion, such as paxillin (Plotnikov et al., 2012; Lee et al., 2015) , vinculin (Plotnikov et al., 2012) , talin (Austen et al., 2015) , and kindlin (Bharadwaj et al., 2017) , or by preventing the recruitment and clustering of integrins (Liu et al., 2014) . The exact integrin composition of the focal adhesions also finely modulates specific downstream signaling pathways and the magnitude of the traction force (Schiller et al., 2013; Bharadwaj et al., 2017; Milloud et al., 2017) .
Focal adhesion maturation is controlled by positive feedback loops related to the traction force applied and involves the promotion of focal adhesion growth and the recruitment of new molecules (Kuo et al., 2011; Schiller et al., 2013; Ye et al., 2014b) . Integrin β1 engagement activates myosin II, and integrin αV activates contractile bundle enlargement. Together the two integrin types synergize so that the traction force adapts to the substrate stiffness (Schiller et al., 2013) . The positive feedback loop also relies on the removal of inactivators of force generation such as betaPix and the Rac pathway (Kuo et al., 2011) . Superimposed negative feedback loops also exist. One counteractive tendency is that actomyosin contractility also stimulates proteolysis and endocytosis of integrins (Kuo et al., 2011) . In addition, tension on actin filaments stimulates their nucleation by formins associated to focal adhesions (Courtemanche et al., 2013; Jégou et al., 2013) , which reduces the transmission of tension from the actin filaments to the ECM. Interference with this nucleation strongly increases traction forces (Elkhatib et al., 2014) . The interplay between positive and negative feedback loops generates oscillating forces that are instrumental in substrate stiffness sensing (Plotnikov et al., 2012; Wu et al., 2017) . However, these variations and instabilities are also likely to contribute to intercellular variability.
The dynamic regulation of focal adhesions is intimately linked to the key role of focal adhesion molecule turnover. Traction forces are controlled by the rates of binding/unbinding of integrins to the New biophysical methods are required to measure the entire mechanical work produced by the cell rather than simply the part that is transmitted to sites of extracellular anchorage. These methods would shine some light on the mechanisms by which mechanical work is dissipated and on cell mechanical efficiency. The fluctuationdissipation theorem has been used to study the fluctuation spectrum of beads in or at the surface of cells to estimate the entire mechanical energy and compare it to traction energy (Mizuno et al., 2009; Robert et al., 2010; Bohec et al., 2013; Schlosser et al., 2015) . Another possibility could be to use force gauges all along actomyosin bundles. Use of α-actinin fluorescence resonance energy transfer (FRET) sensors is a technique of choice to measure stress throughout the entire cell Rahimzadeh et al., 2011; Gayrard and Borghi, 2016) . The loss/gain of FRET signal anywhere along the actin bundle is a direct readout of local tension increase/ release. Subcellular changes in force generation can be detected in various contexts, such as cell spreading (Ye et al., 2014b; Suffoletto et al., 2015) and differentiation (Guo et al., 2014) . These FRET measurements require careful calibration in order to be converted into exact force measurements Gayrard and Borghi, 2016) . How the evaluation of all of these intracellular forces can be used to estimate the global contractile energy of the cell and compare it to the traction energy remains a challenge, but it seems a promising avenue for future research.
Future progress in our understanding of the mechanisms regulating force generation should focus on examining individual parameters while keeping all of the others parameters constant. Two methods seem well suited for this. The first is to work with individual cells rather than cell populations and vary one single parameter while measuring the traction forces. New optogenetic approaches provide a way to modulate in real time a specific parameter (connectivity, filament disassembly, crowding, stiffness, etc.) in the same cellular background. Recently, optogenetic tools have been established to study the main pathways regulating cell contractility (Rao et al., 2013; Guglielmi et al., 2015; Oakes et al., 2017; Valon et al., 2017) , and these should be of great help in this direction. The second involves in vitro approaches aimed at reconstituting the force generation mechanism in precisely controlled biochemical conditions (as opposed to cells in which they are not known and possibly variable). Coassembly of actin filaments and myosin revealed variations of contraction rates with bundle length reminiscent of sarcomeric organization (Thoresen et al., 2011) . Controlled hydrodynamic forces on growing actin filaments have been shown to affect filament growth rate (Jégou et al., 2013) . Finally, the geometric manipulation of actomyosin networks showed that several key features of cellular actomyosin networks can be recapitulated in vitro: the specific action of myosin on defined architectures and its capacity to regulate the disassembly of the architectures (Reymann et al., 2012) , the nonlinear effect of cross-linkers (Ennomani et al., 2016) , the amplification of network deformation with the size of the contracting region within the contractile fiber (Linsmeier et al., 2016) , and the feedback loops between tension and protein organization at sites of contractile fiber anchorage (Ciobanasu et al., 2014) . These experiments point toward the feasibility of investigating actomyosin network dynamics and identifying mechanisms responsible for force dissipation in living cells.
